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The lifecycle of the neuronal microtubule transport machinery. 
Alison E. Twelvetrees1 
1. Sheffield Institute for Translational Neuroscience, University of Sheffield, 385 Glossop Road, 
Sheffield S10 2HQ, UK 
Abstract 
Neurons are incredibly reliant on their cytoskeletal transport machinery. During development the 
cytoskeleton is the primary driver of growth and remodelling. In mature neurons the 
cytoskeleton keeps all components in a constant state of movement, allowing both supply of 
newly synthesized proteins to distal locations as well as the removal of aging proteins and 
organelles for recycling or degradation. This process is most challenging within axons as large 
distances need to be covered between synthesis and degradation, but it is essential as the lifetime 
of any single protein is much shorter than the lifetime of the neuron and its synapses. However, 
the transport machinery itself also has to be actively transported, recycled and degraded in order 
to localise properly and perform within neurons. This review provides an overview of the 
lifecycle of cytoskeletal components in neurons, focusing on its spatial organisation over time in 
the axon. 
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Neurons are polarised, incredibly long and last a lifetime - facts that are often repeated, but no 
less remarkable for it. Although neurons have to be maintained for many years, neurons are made 
from proteins, lipids and RNAs that typically have a lifespan much shorter than our own. Our 
neurons are like the Ship of Theseus (or Trigger’s broom), where each individual component must 
be replaced as it ages to maintain the whole. Neurons achieve this by keeping everything in a 
constant state of movement. This allows quality control and recycling as well as removal by 
degradation. This fundamental rule applies to the cellular machinery of transport itself, the 
processive motors and tracks of the microtubule cytoskeleton (see Figure 1), not just the cargo it 
carries.  
The challenge of transport in neurons is most pressing in axons, which can be a metre long in the 
human body. The continuous synthesis and anterograde delivery of new material to the axon is 
essential for neuronal survival [1,2] and disruptions in axonal transport are extensively linked to 
neurodegenerative disease [3–6]. Axon degeneration is a common feature of age related 
neurodegeneration [6] and several studies show that axonal transport declines with age [7,8]. 
What is less clear is how normal aging impacts axonal transport. How mature neurons manage the 
turnover of the cytoskeleton is critically important to understanding why this system is a weak 
point in neurodegenerative disease.  
Using recent insights into local translation, the cell biology of the cytoskeleton and protein 
degradation in neurons, I review current evidence for how the protein life cycle of the transport 
machinery is organised in adult axons. 
2 Life in the axon, from synthesis to degradation 
2.1 Sites of protein synthesis 
The majority of protein synthesis in neurons takes place in the cell body, but substantial evidence 
now supports local synthesis in the axon [9]. However, it’s worth stating that even if most axonal 
protein was synthesised locally, the machinery of local translation, including mRNA, would still 
need to be transported out from the cell body. Transcriptomes and translatomes of axons show 
that the pool of locally translated proteins changes dramatically during development [10,11], 
including changes in key components of the microtubule cytoskeleton (see Table 1). There is also 
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a developmental program of ribosome removal from axons [12], but ribosomes are still localised in 
adult presynaptic terminals [13]. 
2.2 Microtubule mediated axonal transport 
The microtubule transport machinery is the foundation of polarised long distance transport and 
neuronal function. This is because the end on end assembly of hetero-dimeric tubulins creates 
polarised microtubule filaments. The organization of microtubule polarity in neurons is reviewed 
extensively elsewhere [14]; briefly, in axons microtubules assemble with uniform polarity with all 
plus ends pointing away from the cell body whilst in dendrites microtubules have mixed polarity, 
particularly in the proximal dendrite. This means that processive kinesins and cytoplasmic dynein 
motor proteins walk towards the distal axon and the cell body respectively (Figure 1). 
There are two broad categories of anterograde (away from the cell body) axonal transport in 
neurons, fast and slow [3,15]. Fast transport is typically membrane bound vesicles and organelles. 
Slow transport is largely made of cytosolic proteins and the cytoskeleton, and carries at least three 
times the material of fast transport, but ten to a hundred times more slowly [15]. The slow 
anterograde axonal transport of protein is often further subdivided into two speed categories: slow 
component a (SCa) moving 0.2–1 mm/day and slow component b (SCb) moving 1–10 mm/day. 
Transit time directly influences the half-life of proteins. A protein moving 2 mm per day along 
the 50 mm human optic nerve will be a month old in the distal axon, at 0.2 mm per day it could 
be a year old (Figure 1). This is exemplified by the axon specific microtubule associated protein 
tau. Tau does not appear in transcriptomes or translatomes of adult animals [10,11] and is well 
characterised to travel in the slowest phase of axonal transport [16]. Accordingly, the measured 
half life of tau radioactively labelled in three week old primary cultures is estimated to be over 
100 days [17]. Critically, transport rates slow further in older neurons [7,8]. 
2.3 Degradation 
The major routes to cytosolic protein degradation in cells are the ubiquitin‐proteasome and 
autophagy‐lysosome systems. The autophagy pathway shows clear spatial regulation in axons with 
axon terminals the preferred site for autophagosome biogenesis [18]. It is less clear whether the 
activity of the proteasome is spatially regulated in the same way, but neurons keep tight control of 
the proteasome in response to signalling and development [19]. 
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3 Microtubules and tubulin 
3.1 Tubulin synthesis 
3.1.1 Autoregulation of tubulin synthesis 
Free tubulin concentration is tightly controlled in the cell and the concentration of free tubulin 
subunits directly modulates tubulin mRNA stability [20,21]. At least part of this autoregulation is 
down to the conserved first four amino acid residues emerging during nascent tubulin translation, 
Met-Arg-Glu-Cys/Ile, which serve as a regulatory tag [22]. This nascent tag is now known to be 
recognised by tetratricopeptide repeat protein 5 (TTC5) for both α and β-tubulin [23] (Figure 2). 
Several steps in this autoregulatory pathway remain unidentified [24], but it’s clear that 
autoregulated synthesis is a critical cellular mechanism. Gasic et al recently found robust 
differential gene expression signatures of tubulin genes that had opposite responses to 
microtubule stabilising and destabilising drugs. By developing a tubulin mRNA stability signature 
they went on to query the Gene Expression Omnibus (GEO) database, discovering many other 
perturbations that trigger tubulin differential expression [21]. 
3.1.2 Tubulin chaperones 
Tubulin monomers are heavily dependent on chaperones and cofactors to ensure correct folding 
after translation (Figure 2). Unfolded tubulin is first transferred to the cytosolic chaperonin TRiC 
by the prefoldin complex [25,26]. Prefoldin is a hexamer of two α and four β subunits with a 
jellyfish-like appearance [27]. From here, tubulin relies on the chaperonin TRiC (for TCP-1 Ring 
Complex, also called CCT for Chaperonin Containing TCP1) for folding in vivo [28]. TRiC is a 
large structure of two stacked eight-membered hetero-oligomeric rings, each composed of eight 
separate subunits, CCT1-8 [29,30].  
Once folded, tubulin monomers are assembled into functional αβ-heterodimers by essential 
postchaperonin tubulin folding cofactors (Figure 2). This requires five conserved tubulin 
cofactors, TBCA-E, and ADP ribosylation factor–like 2 (Arl2) [31]. Data supports a model 
whereby TBCD and TBCE form a heterotrimeric cage-like chaperone in complex with Arl2 
termed TBC-DEG [32]. TBC-DEG binds either to soluble αβ-heterodimers in the cytosol or 
nascent dimers formed through the delivery of tubulin monomers by TBCA and TBCB. 
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Subsequent binding of TBCC to the TBC-DEG-αβ-tubulin complex activates the Arl2 GTPase, 
releasing polymerisation competent αβ-heterodimers [32]. 
3.1.3 Local tubulin synthesis in neurons 
There is evidence to support local synthesis of tubulin in the axon, however this corresponds to a 
limited selection of tubulin isotypes, particularly in adult axons. The transcriptomes of DRG 
neurons show tubb3 mRNA disappearing from adult axons [10], whilst the translatome of adult 
optic nerves drops from seven to two tubulin isotypes during development [11]. This means that 
adult axons, compared to developing axons, must rely much more heavily on the delivery of 
tubulin from the cell body by slow axonal transport [33].  
Having outlined the biosynthesis pathway of tubulin above, it’s clear that to support local 
translation neurons need not only mRNA and the translation machinery, but also tubulin 
chaperones and cofactors. For example, local synthesis of tubulin monomers without cofactor 
mediated assembly into αβ-heterodimers, could be toxic to microtubule polymerisation [31]. Here 
again there is a clear decrease during development of the axon to locally translate this machinery. 
Prefoldin and the tubulin co-factors in particular seem to be entirely absent in adult axon 
transcriptomes and translatomes (summarised in Table 1). mRNAs for the TRiC subunits are 
present in adult DRG neurons, but they are absent from the adult translatome of the optic nerve 
(Table 1). TRiC is one of the few characterised cargos to be transported along axons by slow 
transport [34], so even without local translation adult axons are likely well supplied with 
chaperones.  
3.2 Microtubule stability in neurons 
Even once synthesised, the life of a tubulin heterodimer incorporated into the microtubule lattice 
is far from straight forward. Microtubules undergo dynamic instability, switching between phases 
of growth and disassembly, regulated by post-translational modifications of tubulin [35,36] and 
microtubule binding proteins [14]. Any individual tubulin heterodimer could undergo many 
cycles of microtubule incorporation.  
Experimental evidence shows subpopulations of microtubules within neurons, with different 
propensities for microtubule dynamics [37]. As microtubules accumulate post-translational 
modifications with time, the most dynamic microtubules have few modifications, becoming 
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richer in modifications with increasing stability. The most stable microtubules in neurons, often 
termed cold-stable microtubules (a reference to tubulin purification protocols from brain), are 
rich in polyaminated tubulin and do not undergo dynamics [38]. Unlike other posttranslational 
modifications, polyaminated tubulin is directly involved in stabilising microtubules [38]. Another 
key factor shown to directly stabilize microtubules is decoration with microtubule-associated 
protein 6 (MAP6 or stable tubule only polypeptide, STOP) [39–41]. Some stable microtubules can 
still undergo plus end dynamics and microtubules can have patches of different stabilities [42,43]. 
The most stable of neuronal microtubules are also resistant to common depolymerizing drugs [42]. 
3.3 Microtubule and tubulin transport 
Tubulin was one of the first polypeptides identified to be moved by axonal transport, in part 
because of its abundance [44–46]. These large quantities of tubulin move from cell body to distal 
axon at a rate of 0.5-2 mm/day, coincidently the speed of axon regeneration (Figure 1). Two 
opposing models have been proposed for the transport of tubulin, either as tubulin monomers or 
microtubule polymers [47,48]. Analysis and interpretation of original experiments in this area are 
complicated by polymerization and depolymerization rates outlined above. However, the 
movement of short microtubule fragments within axons has been observed [49,50] and this 
movement is motor dependent [51]. Conversely, there is also evidence for the transport of soluble 
tubulin dimers in a kinesin-dependent manner [52,53]. As outlined above, both soluble pools of 
tubulin and very stable microtubules exist and are necessary in axons, so it seems more likely that 
both forms of transport exist to maintain microtubule homeostasis along the axon length. 
3.4 Damage, repair and degradation of microtubules 
It is now established that both shear and mechanical stress cause defects in the microtubule 
lattice, and that microtubules have the capacity for repair [54–56]. Microtubules under shear 
stress in microfluidic systems decrease in stiffness with cycles of bending, but can recover stiffness 
when free tubulin is present [55]. This recovery happens by incorporating replacement tubulin 
mid-lattice rather than at the polymerising microtubule ends. In fact, the turnover of tubulins 
within the lattice happens even without external forces [57]. Similarly, motor protein walking 
along the microtubules removes individual tubulins from the lattice through molecular wear and 
tear [54] (Figure 3). When microtubules are not chemically stabilised, degradation of the lattice 
can happen very quickly unless free tubulin is also present in the system [56]. Although these 
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experiments were carried out with in vitro reconstituted systems, mid lattice repair has been 
observed in cells [58]. Rather than relying solely on free tubulin for repair, cells are likely to make 
use of proteins currently best known for suppressing catastrophe, such as CLASP [59]. However, 
this observation highlights the importance of maintaining free tubulin pools in distal axons in 
order to support repair and transport. 
Critically, mid-lattice repair sites can act as rescue points during microtubule depolymerisation 
[58]. Defects in the lattice use GTP-bound tubulin for repair, creating islands of GTP-tubulin 
distant to the GTP-cap [58] (Figure 3). This not only permits repolymerisation of microtubules, 
but when damage accrues successively along the lattice, actually increases microtubule lifetime 
and length in vitro [58]. In cells, repeated laser damage at the periphery promoted microtubule 
growth in this region. 
Tubulin degradation pathways have not been studied in detail, but current evidence supports it’s 
removal through the ubiquitin proteasome pathway. Both α and β tubulins are ubiquitinated by 
the E3 ligase parkin, and overexpression of parkin accelerates the removal of tubulins from HEK 
293 cells [60]. In support of a role for parkin in microtubule homeostasis, neurons in parkin 
knockout mice accumulate markers of stable microtubules at a younger age compared to wild-
type mice [61]. The removal of tubulin from cells likely also includes it’s disassembly from 
heterodimers back into monomers. Tubulin heterodimers are extremely stable and the rate of αβ-
tubulin heterodimer dissociation is very slow [62]. It has been suggested that the TBC-DEG 
chaperone system could stimulate dissociation through TBCC-mediated Arl2 GTP hydrolysis 
[31,32], but the role of chaperones in the turnover of tubulin remains to be characterised. 
4 Microtubule motor proteins 
Despite being the power behind almost all long distance travel in the axon, we know surprisingly 
little about the life of microtubule motors within neurons in their own right. This is largely 
because they are most often studied through the prism of their cargos [3], leaving significant gaps 




4.1.1 Kinesin synthesis 
Similarly to tubulins we can deduce that most processive kinesins in axons must be synthesised in 
the cell body in adults, as both axonal transcriptomes and translatomes show a marked decrease in 
their synthesis during development (Table 1). In a recent study profiling the transcriptome of 
excitatory presynaptic terminals from adult mice, mRNAs for kinesin-1 subunits, KIF5C and 
KLC1, as well as the kinesin-3 genes KIF1A and B were isolated [13], so it may be the case that 
small and functionally relevant quantities are transcribed at synapses. 
4.1.2 Kinesin-1 isoforms and auto-regulation 
The kinesin-1 sub-family is the most studied of the processive kinesins that function in axonal 
transport (Figure 4). Kinesin-1 is formed of two heavy chains (KIF5A–KIF5C) and two light 
chains (KLC1–KLC4). The heavy chains have an N-terminal motor head domain, which 
hydrolyses ATP and binds microtubules, an extended coiled-coil stalk, and a C-terminal tail 
domain which binds the light chains and cargo. KIF5A and KIF5C have brain specific expression, 
although all three heavy chains are highly expressed in the brain. Similarly KLCs 1, 2 and 4 show 
enrichment in the brain, but it is still unclear whether the heavy chains require light chains for 
all their functions in mammalian neurons or not [63].  
Kinesin-1, when not bound to cargo, exists in a folded autoinhibited conformation [64–66], 
mediated by direct interactions between the heavy chain head and tail [64,67] (Figure 4). There is 
a central hinge in the heavy chain that allows the head and tail to come into contact [65]. KLCs 
themselves are also autoinhibited and contribute to the inhibition of motor activity [68–70]. 
Cargo binding has a complex role to play in releasing autoinhibition; cargo binding to the light 
chains is critical [68–71], as is binding to the C-terminal cargo binding domain of the heavy chain 
[68,72–74]. There may also be an additional requirement of cargo binding further down the stalk 
of kinesin-1 to stabilise activation [73,74]. Although autoinhibition means kinesin cannot bind to 
microtubules without first binding to cargo, some studies suggest that membrane bound cargo can 
carry motors in an inactive state [75]. Structural studies of kinesin-cargo complexes are yet to 
confirm if this is possible, and similarly if the autoinhibitory QIAK motif in the C-terminus of the 
heavy chain is still accessible to the motor domains when cargo is bound. 
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4.1.3 Kinesin-1 transport in axons 
Kinesin-1 motors are the driving force behind both fast and slow axonal transport. Kinesin-1 is 
well characterised to be important for the fast transport of vesicular cargos such as amyloid 
precursor protein (APP) [76], TrkB [77] and lysosomes [78] amongst many others. Similarly, 
kinesin-1 is known to be the main motor for key slow transport cargo such as neurofilaments [79], 
chaperones [80] and dynein [81]. Conversely, in vitro studies show that constitutively active 
kinesin motors have a very consistent velocity as they walk along microtubules [65]. In vivo 
radiolabelling studies agree that the vast majority of kinesin-1 is transported into the axon as a 
coherent wave, equivalent to its maximum velocity and not at slow transport speeds [82]. This 
means firstly, that kinesin dependent slow transport is driven by only short bursts of kinesin 
motility, and secondly, that kinesin is almost always in motion from one end of the axon to the 
other. In the longest axons of the human body, this implies near constant motor stepping for 
almost two weeks. 
4.1.4 Kinesin-1 lifetime and degradation 
Although it seems likely that tubulin proteins are recycled and repaired many times in their long 
lifetime, the same is not true for kinesin-1. In differentiated neuron-like cells, there is evidence 
that kinesin can diffuse back to the cell body on relevant time scales [83], but this would not be 
the case in very long axons where diffusion would take too long to be meaningful. In vivo 
radiolabelling from the optic nerve agrees with this assumption as the vast majority of 
radiolabelled kinesin does not persist in the optic nerve over the longer time periods that would 
result from diffusion based recycling [82]. The most likely model is that kinesin is made in the cell 
body, delivered at the maximum velocity of its own motility and degraded distally, however how 
kinesin is targeted for degradation is unknown. 
4.2 Dynein 
4.2.1 Dynein synthesis 
Cytoplasmic dynein is a complex multisubunit machine (Figure 5). The core cytoplasmic dynein 
motor is formed of two heavy chains (DHC) that bind to microtubules and hydrolyse ATP. A 
dimerization domain forms between the two heavy chains and DHC binds directly to a pair each 
of dynein intermediate chains (DICs) and dynein light intermediate chains (DLICs) [84,85]. The 
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DICs themselves bind to DHC with a C-terminal WD40 domain, while the N-terminus forms an 
extended and mobile structure that does not interact with DHC, supporting three pairs of light 
chains: LC7, LC8 and TcTex [85]. The light chains restrain the DICs, which in turn ensure a near 
parallel arrangement of DHCs [86]. The molecular mass of the assembled dynein motor is ~1.5 
MDa. 
There is one cytoplasmic heavy chain gene, expressed in all cells, but the other dynein subunits 
show more complex patterns of expression. For example, the intermediate chain genes are 
extensively spliced, with DYNC1I1  and most splice forms of DYNC1I2 being brain specific [87]. 
Work on recombinant dynein purification highlights the complexity of it’s assembly into a 
functional motor; although a processive dynein motor can be purified from the brain [88–90], 
reconstituting processive motors in vitro is much more complex [91–93]. Current evidence does 
not support the local synthesis of the dynein heavy chain in adult axons, indicating that all 
functional heavy chains are synthesised in the cell body of neurons (Table 1). 
4.2.2 Dynein transport in the axon 
Dynein is synthesised in the cell body, but given the uniform microtubule polarity of the axon, 
dynein cannot move itself distally. It is essential that transport competent dynein reaches the 
distal axon, as it is required for essential functions such as growth cone extension [94,95], axon 
elongation [96], retrograde neurotrophic signaling [97,98] and autophagy [99]. Radiolabelling 
studies demonstrate that 80% of newly synthesized dynein moves outward as a component of 
slow axonal transport, with a velocity in the region of 1–10 mm/day [100,101] (Figure 1). We 
recently demonstrated that the localisation of dynein in the distal axon is dependent on direct 
interactions with kinesin-1 [81]. Our study made use of the dynein-GFP mouse, a knockin model 
with a GFP tag fused in frame to the neuron-specific isoform of the dynein intermediate chain, 
DIC1 [102]. Imaging dynein-GFP in axons showed that the total pool of dynein, not just newly 
synthesized motors, was moving in the anterograde direction [81]. One immediate consequence of 
this is that far more dynein is made and transported than is needed for retrograde transport alone. 
On the surface this is a wasteful ‘over supply’, which may be necessary to ensure sufficient 
functional dynein after it has aged in transit. On the other hand, it may reflect a function of 
dynein related to microtubule transport and maintaining microtubule polarity [51,96,103]. 
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4.2.3 Dynein lifetime and degradation 
The slow axonal transport of dynein implies that dynein is synthesised in the cell body to be 
degraded in the distal axon [81]. The E3 ubiquitin ligase TRIM58 ubiquitinates the dynein 
intermediate chain in erythrocytes, triggering the proteasomal degradation of the whole dynein 
complex [104]. However, TRIM58 is not expressed in the brain, so it is unclear how dynein is 
targeted for degradation in the axon. 
5 Discussion 
By considering the lifecycle of the key cytoskeletal elements of axonal transport in turn, three key 
themes emerge. Firstly, there is a decline in the local synthesis of the microtubule cytoskeleton in 
adult axons. Secondly, that the whole machinery moves from cell body to distal axon, but at 
different speeds. Thirdly, from the available evidence it seems likely that this same machinery is 
specifically degraded in the distal axon, although the mechanisms are unclear. Consequently there 
is a large separation in space between the site of synthesis and degradation; the majority of the 
building blocks of the microtubule cytoskeleton are built in the cell body, moved along the axon 
and then degraded distally. Given that the transit in the axon is slowest for tubulins and dynein, 
potentially on the order of years, it seems likely that the adult distal axon has a significant pool of 
aged transport machinery.  
It is unknown how the process of aging in transit, from one end of the axon to the other, affects 
the function of the material it carries. It’s clear that microtubules have a self repair strategy, but 
this relies on a consistent supply of functional tubulin heterodimers - not an insignificant hurdle. 
The strategy that neurons employ to monitor dynein function will be particularly important to 
decipher. Just as microtubules experience mechanical stress from motor proteins that requires 
repair (see section 3.5), so the motors themselves experience strain in constant movement. 
Consequently, a key question is whether dynein motor domains are active in the axon, held in 
inactive conformations or repaired in transit to maintain motile properties (see Figure 5). A 
related issue is understanding how carefully degradation is monitored along the axon and 
whether refolding in transit can be prioritised over degradation. 
There is a limited capacity for local translation to renew the cytoskeleton in the distal axon of 
adult neurons. Resolving and improving how the axonal transport machinery renews itself will be 
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critical for developing effective treatments for neurodegeneration, as there can be no recovery of 
the axon without it. 
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Table 1: Evidence of local translation, during development and in adults, for key long distance 
microtubule transport machinery.  
Translatome data summarised from [11] and transcriptome data from [10]. To avoid having to 
account for the sensitivity of compartment specific preparations, only studies that directly 
compare developmental and adult tissue are included. Where no entry is recorded, subunits were 
not seen in either development or adulthood. 
 Axonal translatome Axonal transcriptome 
Gene development adult development adult 
Tubulin chaperones and cofactors     
Prefoldin (PFDN1-6)   some no 
TRiC (CCT1-8) yes no yes yes 
Tubulin Cofactors (TBCA-E, ARL2)    yes no 
Tubulins     
α-tubulin (TUBA1A) yes no yes yes 
α-tubulin (TUBA1B) yes no yes yes 
β-tubulin (TUBB2A) yes yes yes yes 
β-tubulin (TUBB2B) yes no yes yes 
β-tubulin (TUBB3) yes yes yes no 
β-tubulin (TUBB4A) yes no   
β-tubulin (TUBB4B) yes no   
Processive kinesins     
Kinesin-3 (KIF1A) yes no yes yes 
Kinesin-3 (KIF1B)   yes no 
Kinesin-3 (KIF16B)   no yes 
Kinesin-1 (KIF5A) yes no yes no 
Kinesin-1 (KIF5B) yes no yes no 
Kinesin-1 (KIF5C) yes no yes no 
Kinesin-1 (KLC1)   yes yes 
Cytoplasmic dynein subunits     
DHC (DYNC1H1) yes no yes no 
DIC1 (DYNC1I1) yes no yes no 
DIC2 (DYNC1I2)   yes yes 
DLIC1 (DYNC1LI1)   yes yes 
DLIC2 (DYNC1LI2)   yes yes 
Tctex (DYNLT1)   yes yes 
Tctex (DYNLT3)   yes yes 
LC8 (DYNLL1) yes no yes yes 
LC8 (DYNLL2) no yes yes yes 

























Figure 1: Axonal transport of the key elements of the microtubule transport machinery
A. The organisation of the cytoskeleton in adult axons. Microtubules in the axon have uniform 
polarity with ‘plus’ ends (yellow) facing away from the cell body. This means kinesin always 
walks away from the cell body to power anterograde transport. Conversely, when dynein hydro-
lyses ATP to walk along microtubules, it moves towards the cell body to power retrograde trans-
port.
B. Summary of the velocity and age for key components of the microtubule transport machinery 
after synthesis in the cell body. Arrows represent the proportional distance travelled in the same 
unit time. Kinesin-1 moves at Fast transport speeds and the youngest kinesin in a distal one 
metre axon would be 12.5 days old. Dynein moves in slow component b (SCb) and the young-
est proteins would be over 100 days old. Tubulin and microtubules move in slow component a 
(SCa) and a conservative estimate of protein age would be at least 2.5 years old in the distal 



























Figure 2: Tubulin biogenesis and microtubule formation
Unfolded tubulin monomers are synthesised (A) and transferred to the TRiC folding complex by 
prefoldin (B). Folded α- and β-tubulin monomers are complexed with the tubulin folding cofac-
tors TBCB and TBCA respectively (C), which deliver monomers to the TBC-DEG complex 
(TBCD, TBCE and Arl2) to allow heterodimer formation as tubulin monomers form a heterodim-
er that cannot associate (or dissociate) in the absence of cofactors (D). Heterodimers are 
released by the action of TBCC (E). The GTP bound to β tubulin (yellow) is exchangeable and 
hydrolysable. Heterodimers are either in the cytosolic pool or polymerised into microtubules (F). 
Tubulin synthesis is autoinhibited by unpolymerised tubulin, in part through the recognition of 








Figure 3: Microtubule polarity, damage and repair
A. As GTP bound heterodimers are incorporated into the growing microtubule, the GTP is 
hydrolysed to GDP. This creates a ‘GTP-cap’ of the most recently added hetero-dimers at the 
plus end of the microtubule.
B. Microtubules experience mechanical force during their life in the axon, particularly from the 
passage of motor proteins. This can cause damage to the microtubule lattice through the loss of 
tubulin heterodimers.
C. Damaged microtubules can be repaired, incorporating GTP-tubulin as they do so. These 









A. unfolded kinesin-1 B. autoinhibited kinesin-1
Figure 4: Kinesin-1 structure and autoinhibition
A. Kinesin-1 is a heterotetramer formed of two heavy chains (KIF5A–KIF5C) and two light 
chains (KLC1–KLC4). The heavy chains have an N-terminal motor head domain, extended 
coiled-coil regions and globular C-terminal tail. A pair of light chains bind at the C-terminus. 
Cargo can bind to the C-terminus of the heavy chains and to the light chains and is necessary 
to relieve autoinhibition.
B. Both the heavy chains and the light chains of kinesin are autoinhibited when not bound to 
cargo and autoinhibited kinesin exists in a folded conformation. Given the fast travel time of 
kinesin in the axon, autoinhibition is likely a relatively rare event. Inset shows the autoinhibition 
of the motor domains (orange) by a single QIAK motif from the C-terminal tail of the heavy chain 
(green), which locks both motor domains in place (Motor domain structure image of 2Y65 [67], 











A. active dynein B. autoinhibited dynein
Figure 5: Cytoplasmic dynein structure and autoinhibition
A. Cytoplasmic dynein is a complex multisubunit machine. Two heavy chains (DHC) bind to 
microtubules and hydrolyse ATP through the C-terminal motor domains. The first N-terminal 
third of DHC forms the ‘tail’, and dimerises the motor with the help of other subunits; a pair each 
of dynein intermediate chains (DICs), dynein light intermediate chains (DLICs) and the light 
chains LC7, LC8 and TcTex [84,85].
B. Dynein has an autoinhibited conformation termed the phi-particle, which is released by cargo 
binding [106,107]. In addition, the crossed stalks of the motor domain lock the motors into a 
conformation with a weak affinity for microtubules.
